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a b s t r a c t
A genetic study on the relationship between cell membrane fatty acid proﬁle and photocatalytic inactivation efﬁciency of Escherichia coli was conducted. Photocatalytic inactivation of a parental strain
(E. coli BW25113) and its seven isogenic mutants with deletion of single gene involving in ␤-oxidation of
fatty acid degradation (fad) were compared. Most of the mutants involved in fatty acid degradation did
not show signiﬁcant difference in susceptibility towards photocatalytic inactivation compared with the
parental strain, except that E. coli JW1176 (fadR mutant) and E. coli JW3935 (fabR mutant) showed a lower
and higher sensitivity than the parental strain, respectively. Fluorescence microscopic analysis showed
that the loss of cell permeability preceded the inactivation of bacterial cells. The results of temperature
pre-treatment and fatty acid proﬁles of the parental strain and fadR mutant indicated that the alteration in
cell membrane fatty acid composition played an important role, but not the most crucial one to affect the
susceptibility of bacterial cell towards photocatalytic inactivation. The results in this study demonstrated
the importance of cell membrane in the bacterial defense system against photocatalytic inactivation.
© 2015 Elsevier B.V. All rights reserved.

1. Introduction
Photocatalytic inactivation of biohazards has been considered
as a promising technology for water disinfection since the ﬁrst
application of semiconductor on sterilization of microbial cells [1].
Afterward, photocatalytic disinfection is extensively investigated
and receives an increasing research interest. Recently, the bacterial
cell membrane was considered to be the primary target attacked
by reactive oxygen species (ROSs), including superoxide (•O2 − ),
hydrogen peroxide (H2 O2 ) and hydroxyl radical (•OH), generated
by photocatalysis [2–5]. These ROSs causes oxidative damages to
the bacterial cell envelope (including outer membrane, cell wall,
cell [or inner] membrane) and nuclei acids [6,7].
Most of the studies supported that •OH was the major ROS for
photocatalytic bacterial inactivation [4,8–10]. The intact bacterial
cell envelope initially blocked the attack of ROSs but eventually
the outer membrane was decomposed by the ROSs, followed by
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the lipid peroxidation of the polyunsaturated phospholipids of the
cell membrane, which was suggested to be the underlying mechanism [2,3,5,11–13]. Subsequent loss of normal functions of the
bacterial cell such as respiratory activity and loss of ﬂuidity, and
oxidative attack of the intracellular components results in the cell
death [2,5,11,12]. The •OH can attack the unsaturated lipids and
form lipid radicals. In the presence of O2 , the lipid radicals react with
O2 to generate lipid peroxyl radicals, which are readily to further
react with nearby unsaturated lipid, producing a new lipid radical
and lipid hydroperoxide. These reactions initiate a reaction cycle
which terminates as two radicals bind into non-radical species [3].
During this process, the formed lipid peroxides will be oxidized
by lipid radicals and other by-products such as malondialdehyde
[2,3,14,15]. Consequently, it causes the damage of bacterial cell
membrane and change in the membrane permeability. With the
loss of cell membrane selective permeability, there could be either
inﬂux of photocatalyst or efﬂux of cellular contents [5], hence
allowing the attack of ROSs towards the intracellular components
[2,3,12]. Therefore, the fatty acid composition of the cell membrane, especially the relative amounts of unsaturated and saturated
fatty acids, would be a potential factor for determination of the cell
susceptibility towards the attacks of ROSs during photocatalytic
inactivation [4,6,16]. However, Dalrymple et al. [3] suggested that
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Fig. 1. Simpliﬁed schematic diagram of fatty acid degradation of E. coli (modiﬁed from Fujita et al. [19]).

the amount of monounsaturated fatty acids of cell membrane was
not critical in photocatalytic disinfection. This leaves an unsolved
issue on whether the cell membrane fatty acid proﬁle has signiﬁcant effect on photocatalytic bacterial inactivation.
Referring to Fujita et al. [19], a modiﬁed schematic diagram of
the fatty acid degradation of Escherichia coli is illustrated in Fig. 1.
The degradation process is regulated by the FadR regulatory protein. Long-chain fatty acids are ﬁrst transported through the outer
membrane under the control of transport protein FadL, and the
enzyme FadD converts the fatty acid into acyl-CoA at the inner
membrane. The ␤-oxidation pathway then starts under catalysis
of FadE (for saturated fatty acid) and FadH (for unsaturated fatty
acid) enzymes, followed by FadB and FadA enzymes. While coenzyme A (CoA) level was reported to affect the resistance of E. coli
towards photocatalytic inactivation [4], the fatty acid degradation,
which involves the production of CoA-containing intermediates
and products (Fig. 1), is probably inﬂuential to the photocatalytic
inactivation of E. coli.
The present study aims to investigate whether and how the
genes responsible in ␤-oxidation of fatty acid degradation of E. coli
play a role in affecting the photocatalytic inactivation. A previous
study on selected E. coli mutants reported that the genes responsible for fatty acid biosynthesis and CoA production in E. coli were
important in affecting the photocatalytic inactivation efﬁciency
[4]. In addition to easy comparison of various gene products taking part in fatty acid degradation during bacterial inactivation,
this genetic approach can avoid multiple physiological differences
between bacterial strains because the mutants are isogenic (i.e. only
a single gene different). As a result, to verify and study the role
of fatty acid proﬁle of cell membrane in bacterial defence system,
single-gene deleted E. coli mutants with the mutations responsible for ␤-oxidation in fatty acid degradation [19] were used in the
present study to compare their photocatalytic inactivation efﬁciencies with their parental strain, E. coli BW25113. E. coli, a common
waterborne bacterium, was selected due to its best-studied genetics [4,15,19–21]. The cell permeability of the parental and mutant

strains during the photocatalytic inactivation process was revealed.
Since previous studies reported that temperature could alter the
fatty acid composition of bacterial cells and signiﬁcantly inﬂuence the photocatalytic inactivation [4,22,23], the present study
also investigates the inactivation efﬁciency and fatty acid proﬁles
after temperature pre-treatment to study the inﬂuence of the genes
towards photocatalytic inactivation.

2. Materials and methods
2.1. Bacterial strains
Parental strain, E. coli BW25113, and its seven single-gene
knockout mutants (fadA, fadD, fadE, fadH, fadL, fadR and fabR,
Table 1), belonging to the Keio Collection [20], were purchased from
the Coli Genetics Stock Center (CGSC), Yale University. For clearer
and easier understanding, all the mutant strains will be mentioned
as the abbreviated name as shown in Table 1 in this study. The
Keio Collection was originated from the ancestral strain E. coli K-12
[20]. After a series of generalized transductions and allele replacements, E. coli BW25113 was derived, followed by the derivation
of a set of mutants with precisely deﬁned single-gene deletions
[20]. The selected mutants differ from the parental strain by only
one single gene (Table 1) and each individual deleted gene plays
important role in ␤-oxidation of fatty acid degradation pathway
[19]. Brieﬂy, the fadL mutant lacks the fatty acid transport protein
across the outer membrane of the bacteria. For the fadD mutant,
there is absence of FadD protein (acyl-CoA synthetase), which is
responsible for converting fatty acids into long-chain acyl-CoAs,
the initial reactant in ␤-oxidation cycle. For the fadE, fadH and fadA
mutants, there are absences of the acyl-CoA dehydrogenase, 2,4dienoyl-CoA reductase and 3-ketoacyl-CoA thiolase, respectively.
These enzymes are responsible for the conversion of long-chain
acyl-CoAs into shorter ones during ␤-oxidation. In the fadR and
fabR mutants, the regulatory FadR and FabR proteins responsible
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Table 1
The genetic information of Escherichia coli parental strain (E. coli BW25113) and its single-gene deleted mutants (purchased from Coli Genetics Stock Center (CGSC), Yale
University).
CGSC no.

E. coli strain no.

Abbreviated name

Deleted gene

Function of deleted gene

Impact of deleted gene on
photocatalytic inactivation

NA
11644
9503
11134
10330
9875
9082
10840

BW25113
JW 5578
JW 1794
JW 5020
JW 3052
JW 2341
JW 1176
JW 3935

NA
fadA mutant
fadD mutant
fadE mutant
fadH mutant
fadL mutant
fadR mutant
fabR mutant

NA
fadA
fadD
fadE
fadH
fadL
fadR
fabR

NA
3-Ketoacyl-CoA thiolase
Acyl-CoA synthetase
Acyl-CoA dehydrogenase
2,4-Dienoyl-CoA reductase
Fatty acid transport protein
fad repressor; fabAB activator
fabAB repressor

NA
None
None
None
None
None
Higher resistivity
Higher sensitivity

NA = Not applicable.

for ␤-oxidation cycle and fatty acid biosynthesis cycle are absent,
respectively [19].
The bacterial strains were cultured and harvested by the methods modiﬁed from that reported by Leung et al. [16]. Brieﬂy, the
bacterial cells were cultured in Nutrient Broth (NB, Lab M Ltd., Lancashire, UK) and agitated at 180 rpm for 18 h at 37 ◦ C. Then, bacterial
culture was washed for 3 times, each time with sterilized saline
solution (0.9% NaCl) and by centrifugation at 13,000 rpm for 1 min
at 22 ◦ C (room temperature) by a microfuge. The cell pellet was resuspended in saline solution with concentration of about 2 × 109
colony forming unit (cfu)/mL. The ﬁnal cell density in the reaction
mixture during experiment was adjusted to 2 × 107 cfu/mL.
2.2. Photocatalytic inactivation
The photocatalytic inactivation of the bacterial cells was carried out in a reactor holding 2 UVA lamps [16]. The UVA
( = 365 nm, 15 W, 60 Hz, Cole-Parmer, USA) intensity was ﬁxed
at 0.274 mW/cm2 , measured by an UVX digital radiometer (UVP,
Inc. Upland, CA, USA). Saline solution was used to make up the
50 mL-reaction mixture containing 100 mg/L TiO2 (P25, Degussa
Corporation, Germany) and 2 × 107 cfu/mL bacterial cells. Magnetic
stirring of the reaction mixture was applied throughout the experiment. In the temperature pre-treatment experiment, the harvested
cells (2 × 109 cfu/mL) in saline solution were pre-incubated at different temperatures (22, 30 and 37 ◦ C) for 2 h before photocatalytic
inactivation with reference to our previous study [4]. Dark control (TiO2 added without UVA irradiation) and light control (UVA
irradiation without addition of TiO2 ) were also conducted. The
cell inactivation abilities of various treatments were estimated by
means of colony-counting on NB plate. For each sampling, 1 mL
of sample was collected from the reaction mixture and immediately diluted with serial dilutions. 0.1 mL of sample from each
single dilution was spread on a NB agar plate. All the spread
plates were then incubated at 37 ◦ C for colony-counting after
24 h.
2.3. Cell permeability
Cell permeability of the bacterial cells was determined by
ﬂuorescence spectroscopy [10]. Samples of bacterial cells during photocatalytic inactivation were collected and ﬂuorescently
stained with dyes of LIVE/DEAD® BacLightTM Bacterial Viability Kit
(L7012, Molecular Probes, Inc., Eugene, OR, USA) according to procedures recommended by the manufacturer. The experiment was
carried out using the staining reagent containing mixture of SYTO
9 dye and propidium iodide (PI). SYTO 9 labels bacterial cells with
intact cell membrane (live) ﬂuorescent green (Excitation/emission:
485 nm/530 nm) whereas PI penetrates only damaged membranes
and stains the bacterial cells (dead) ﬂuorescent red (Excitation/emission: 485 nm/630 nm). After incubation in dark for

15 min, the stained samples were examined by a ﬂuorescence spectroscope (Nikon ECLIPSE 80i, Japan) equipped with a ﬁlter block N
UV-2A consisting of excitation ﬁlter Ex 330-380 (Nikon, Japan) and
Spot-K slider CCD camera (Diagnostic instruments. Inc., USA).
2.4. Fatty acid proﬁle
Fatty acid proﬁles of the bacterial cells after temperature pretreatment were analysed by an Agilent HP 6890 Series II gas
chromatograph (Hewlett Packard, Palo Alto, USA) coupling with
a HP 7863 autosampler and a HP ﬂame ionization detector (FID)
[16]. With the Sherlock Microbial Identiﬁcation System Version 4.5
software, the fatty acids were identiﬁed by comparison of the retention times with Calibration Standard 1 No. 1200-A (Microbial ID,
Newark, USA) and from a database in the “TSBA50 5.00 Library”,
which was provided by Microbial ID, Inc. The relative amount of
different fatty acids in bacterial cells was determined.
2.5. Inactivation kinetics
The rates of inactivation of E. coli after temperature pretreatment were compared by calculating the inactivation kinetics
according to the model proposed by Geeraerd et al. [17]. The inactivation kinetics of the parental strain and mutants were ﬁtted into
the linear-tail model (Eq. (1)) with the software GInaFit [18].
log (N) = log [(10log

N0

− 10log

Nres

) × e−Kmax t + 10log

Nres

]

(1)

where Kmax = speciﬁc inactivation rate (min−1 ). Nres = residue population density (cfu/mL).
3. Results and discussion
3.1. Photocatalytic inactivation
The photocatalytic inactivation of each single-gene knockout
mutant strain was compared with that of the parental strain (E. coli
BW25113). It was found that the photocatalytic inactivation of most
of the mutants (fadA, fadD, fadE, fadH and fadL mutants), except
fadR and fabR mutants, was comparable to that of the parental
strain (data not shown). Fig. 2 shows the photocatalytic inactivation of fadR and fabR mutant strains and the parental strain (E. coli
BW25113) by TiO2 suspension under irradiation of UVA. There was
no signiﬁcant reduction of viable colony counts in the dark and light
controls for both mutants within 80 min (data not shown). Without
signiﬁcantly affecting the viability of the bacterial cells by UVA radiation reﬂects that the bacterial cells could adapt to UVA radiation,
as indicated by Berney et al. [24]. Besides, the TiO2 alone also did not
cause toxic effect to both bacterial strains. In the presence of both
UVA and TiO2 , fabR mutant and parental strain population started to
decrease while fadR mutant did not show signiﬁcant change in the
ﬁrst 20 min (Fig. 2). After that, the inactivation of fadR mutant was
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Fig. 2. Comparison of photocatalytic inactivation efﬁciencies of parental strain, fadR
mutant and fabR mutant. TiO2 concentration = 100 mg/L, reaction volume = 50 mL,
agitation = 300 rpm, temperature = 22 ◦ C, initial cell density = 2 × 107 cfu/mL, bacterial detection limit = 1 cfu/mL, error bar = standard deviation of 3 replicates.

observed and the photocatalytic inactivation of the three strains
continued. At 80 min, the fabR mutant had the greatest inactivation
efﬁciency with a 5 log cfu/mL reduction in cell density while the
fadR mutant only had a decrease of 3 log cfu/mL. When compared
to the parental strain which had 4 log cfu/mL of reduction, the fabR
mutant and fadR mutant showed higher and lower photocatalytic
inactivation efﬁciencies than the parental strain, respectively.
Since the individual mutants in ␤-oxidation cycle did not show
great difference in inactivation efﬁciency, it indicates that most of
the genes in fatty acid degradation do not have great inﬂuence on
the bacterial defense system against photocatalytic inactivation.
Indeed, the regulatory role of fadR gene product (FadR protein) is
more crucial in affecting the photocatalytic inactivation efﬁciency.
The fadR gene encodes the regulatory protein for fatty acid
metabolism and this protein product (FadR protein) is the repressor of the expression of the genes involved in ␤-oxidation cycle
of the fatty acid degradation [19]. In the absence of the FadR protein, its repressive function is lost and there are more expressions
of enzymes, which are encoded by fadA, fadD, fadE, fadH and fadL
genes, involved in the fatty acid degradation. More active intermediates (such as acyl-CoAs) could be formed in the presence of
the enzymes such as acyl-CoA synthetase (encoded by fadD), so it
was expected the ROSs could attack the cell of fadR mutant more
easily. However, the result (Fig. 2) was the opposite case that the
fadR mutant was more resistant than the parental strain towards
photocatalytic inactivation.
To account for this, it should be noted that apart from the role of
repressor in fatty acid degradation, FadR protein also is an activator for genes expression in the unsaturated fatty acid biosynthesis
process (fabA and fabB) [19,25,26]. In the absence of this activator,
gene products involved in fatty acid biosynthesis are reduced, causing a reduction in the amount of unsaturated fatty acids [27]. Since
the unsaturated fatty acids are the key targets of ROSs [2,4,5,28,29],
lower proportion of unsaturated fatty acids should reduce the lipid
peroxidation by ROSs, causing a higher resistance of the cells of
fadR mutant towards photocatalytic inactivation. It was consistent
with the lower susceptibility of fadR mutant shown in Fig. 2.
To further investigate how the role of FadR protein in fatty acid
biosynthesis affects the photocatalytic inactivation of E. coli, the
fabR mutant, in which the single knocked-out gene fabR is responsible for encoding the repressor regulatory protein (FabR) involved
in unsaturated fatty acid biosynthesis of E. coli [19], was examined under photocatalytic inactivation (Fig. 2). FabR was believed
to play a role in modulation of physical properties of the bacterial
cell membrane by alteration of unsaturated fatty acid production
[30]. The result showed that the fabR mutant was more sensitive

than the parental strain towards photocatalytic inactivation. Since
the presence of FadR protein is required for the negative regulation of FabR protein [19], FabR protein in the fadR mutant could not
exert any effect in the unsaturated fatty acid biosynthesis, hence
the photocatalytic inactivation. While in the fabR mutant, the role
of FadR protein could be reﬂected by the FabR protein regulation
during photocatalytic inactivation. Without the repression from the
FabR protein, more unsaturated fatty acids are produced in the fabR
mutant under the activation of biosynthesis pathway by FadR protein [19]. As a result, more unsaturated fatty acid were available in
bacterial cell membrane, causing the fabR mutant to be more susceptible than the parental strain towards the ROSs attacks during
photocatalytic inactivation (Fig. 2).
From the results in Fig. 2, it implies that in the ␤-oxidation
cycle of fatty acid degradation, the regulatory fadR gene plays the
most important role in affecting the photocatalytic inactivation efﬁciency, but single gene which encodes single enzyme within the
pathway is not signiﬁcantly inﬂuential to photocatalytic inactivation by the TiO2 –UVA system. Meanwhile, the role of fadR gene as an
activator in the fatty acid biosynthesis pathway overwhelmed the
role as a repressor in fatty acid degradation pathway in determining
the bacterial susceptibility towards photocatalytic inactivation.
3.2. Cell permeability
To investigate the change of cell membrane permeability
throughout the photocatalytic inactivation process, ﬂuorescent
assay was conducted. Fig. 3 shows the ﬂuorescent images of the
stained bacterial cells of parental strain (Fig. 3a) and fadR mutant
(Fig. 3b) during the photocatalytic inactivation at 22 ◦ C.
It obviously shows that at the beginning of the photocatalytic
inactivation process the cells were intact (all cell stained green) and
the cells of both bacterial strains turned from green to red within
ﬁrst 20 min. With the increase of the reaction time up to 20 min,
the cell membrane was damaged and the bacterial cell lost its cell
membrane permeability. It shows that prior to any inactivation,
there was a loss of cell membrane permeability of the bacterial
strains as early as 20 min (Fig. 3). This result indicates that the cell
membrane is likely to be the primary target of the attack by ROSs
in previous studies [4,15,31,32].
3.3. Effect of temperature pre-treatment
Fig. 4 shows the photocatalytic inactivation of fadR mutant and
parental strain by TiO2 suspension under irradiation of UVA after
pre-incubating the harvested cells at different temperatures for 2 h.
Dark and light control experiments in sterile saline solution showed
that cells of both strains were not inactivated after pre-incubation
at different temperatures (data not shown).
It was observed that the photocatalytic inactivation efﬁciencies
of both the parental strain and fadR mutant were higher when the
bacterial cells were pre-incubated at 22 ◦ C than those at higher temperatures (Fig. 4). The kinetics of inactivation of the bacterial strains
were well-ﬁtted into the “linear-tail” model proposed by Geeraerd
et al. [17,18], with adjusted R2 > 0.9 for most of the cases (Table 2).
The rate of inactivation (Kmax ) decreases when the temperature of
pre-incubation increases (Table 2). This result is consistent with
the ﬁndings of Gao et al. [4]. After pre-incubation at 22 ◦ C, the
fadR mutant was completely inactivated (Kmax : 0.56/min) within
40 min, whereas the bacterial cells of parental strain only had a 5 log
decrease (Kmax : 0.45/min) in population (Fig. 4). The photocatalytic
inactivation of the parental strain after incubation at 30 and 37 ◦ C
were similar (Kmax : 0.39/min and 0.36/min, respectively), with
about 4 log decreases in cell population after 80 min. Similar trends
were also found in photocatalytic inactivation of the fadR mutant
after pre-incubation at 30 ◦ C (completely inactivated in 60 min,
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Fig. 3. Fluorescent microscopic images of (a) parental strain (2 × 107 cfu/mL, 50 mL) and (b) fadR mutant (2 × 107 cfu/mL, 50 mL) photocatalytically inactivated with 100 mg/L
of TiO2 suspension under UVA ( = 365 nm) irradiation during reaction time (t) = 0, 20, 40, 60 and 80 min. (Scale bars: 20 m).

Kmax : 0.27/min) and 37 ◦ C (cell population reduced to 1 log cfu/mL,
Kmax : 0.25/min). Generally, at each pre-incubation temperature,
the photocatalytic inactivation efﬁciency of fadR mutant was
higher than that of parental strain. However, this difference in

photocatalytic inactivation efﬁciency was contrary to previous
experiment (Fig. 2). The observed temperature effect could be due
to the change in cell membrane fatty acid composition after the
pre-incubation at different temperatures. Previous studies showed
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Fig. 5. Ratio of palmitoleic acid (16:1) to palmitic acid (16:0) after pre-incubation
of parental strain and fadR mutant under different temperatures.

Fig. 4. Photocatalytic inactivation of parental strain and fadR mutant after
pre-incubation at different temperatures. TiO2 concentration = 100 mg/L, reaction volume = 50 mL, agitation = 300 rpm, temperature = 22 ◦ C, initial cell density = 2 × 107 cfu/mL, bacterial detection limit = 1 cfu/mL, error bar = standard
deviation of 3 replicates. The points are ﬁtted into the “linear-tail” model proposed
by Geeraerd et al. [17,18].

that temperature could lead to the change in the relative amount
of unsaturated and saturated fatty acids of bacterial cell membrane [23] and the ratio of unsaturated to saturated fatty acid in
cell membrane could inﬂuence the susceptibility of the bacterial
cells towards photocatalytic inactivation [4,21]. When there was
an increase in unsaturated fatty acid, the cell membrane became
less rigid and viscous [33]. The bacterial cells then become easier
to be attacked by the ROSs, leading to a higher sensitivity.
3.4. Fatty acid proﬁle
To investigate the effect of the pre-incubation temperature and
the fatty acid composition of the bacterial cells, the fatty acid proﬁles of the parental strain and fadR mutant were examined. Since
palmitic acid (16:0) is a representative fatty acid commonly found
in high amount in E. coli [4,34], and the palmitoleic acid (16:1)
is the only unsaturated fatty acid found in the samples, the relative amount of unsaturated to saturated fatty acids in each sample
therefore was represented by the ratio of palmitoleic acid (16:1)
to palmitic acid (16:0). The ratios of the parental strain and fadR
mutant after pre-incubation at different temperatures were illustrated in Fig. 5. The results show that for both strains, the ratio of
palmitoleic acid (16:1) to palmitic acid (16:0) increased with the
increase of pre-incubation temperature (Fig. 5). These also indicate
that the temperature pre-treatment altered the fatty acid composition of the bacterial cells.
In general, at lower temperature, there would be an increase in
relative amount of unsaturated fatty acid compared to saturated
Table 2
Inactivation rates and adjusted R2 of the kinetic model of photocatalytic bacterial
inactivation by TiO2 /UVA system after pre-treatment at different temperaturesa .
Pre-treatment
temperature (◦ C)

Kmax (min−1 )

Adjusted R2

Parental strain

22
30
37

0.45 ± 0.09
0.39 ± 0.06
0.36 ± 0.10

0.9496
0.9702
0.9035

fadR mutant

22
30
37

0.56 ± 0.00
0.27 ± 0.07
0.25 ± 0.09

1.0000
0.8804
0.8292

±Denote the standard error.
a
The kinetics of bacterial inactivation are ﬁtted into a “linear-tail” model proposed by Geeraerd et al. [17,18].

fatty acid in cell membrane due to homeoviscous adaptation
[4,23]. However, the trend for the increasing ratios of unsaturated
to saturated fatty acids at higher pre-treatment temperature is
not consistent with this general trend. One of the reasons could
be that homeoviscous adaptation occurs during the growth of
bacterial cells in nutrient broth (NB) at different temperatures
[23]. In the present study, the bacterial cells were pre-incubated
in sterile saline solution, so the change of fatty acid composition
of the cell membrane could be different from that during bacterial
growth in nutrient broths. In addition, the palmitoleic acid (16:1)
used for determining the ratio in the present study was different
from the oleic acid (18:1) in the study of Gao et al. [4]. Since
the only unsaturated fatty acid detected in recent study was
palmitoleic acid (16:1), the ratios determined was not used for a
good comparison with the ratios calculated from oleic acid (18:1).
Previously, it was expected that the temperature pre-treatment
contributed to the higher sensitivity of the fadR mutant than the
parental strain towards photocatalytic inactivation (Fig. 4). More
unsaturated fatty acids in the cell membrane increase vulnerability of the bacterial cells towards the ROSs attack [2,3,34]. However,
after 2 h pre-incubation, the ratios of unsaturated fatty acid to
saturated fatty acid between the two bacterial strains were not signiﬁcantly different at each pre-incubation temperature (Fig. 5). The
results suggest that even it was found that the fatty acid composition of the cell membrane could be inﬂuenced by the pre-incubation
temperature, the relative amount of unsaturated and saturated
fatty acids of the cell membrane is not the only critical factor in
determining the photocatalytic inactivation efﬁciency of bacterial
cells, as previously suggested by Dalrymple et al. [3]. Some other
hidden factors, which may need investigation in further studies,
could possibly contribute to the inactivation efﬁciency difference
between the strains.
Indeed, the present ﬁndings revealed the importance of the
physiological conditions of bacterial cell membrane in photocatalytic inactivation. With the Gram-negative E. coli as a model for
the study of photocatalytic inactivation on other pathogenic Gramnegative bacteria in water systems, such as Legionella sp. which
causes Legionnaires’ diseases and Pontiac fever [35], the results in
the present study can provide some implications on the application
of photocatalytic disinfection and clean-up processes.
4. Conclusions
This study was a systematic genetic study on the importance
of fatty acid composition regulation of bacterial cell membrane
towards photocatalytic inactivation by TiO2 –UVA system. All
examined mutants showed no signiﬁcant effect in photocatalytic
inactivation except that the fadR mutant was found to be more
resistant and the fabR mutant was more sensitive towards photocatalytic inactivation than the parental strain. With the dual
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regulatory roles of fadR gene, its role as a repressor in ␤-oxidation of
fatty acid degradation pathway was not crucial, while its role as an
activator in fatty acid biosynthesis pathway was more important in
affecting the photocatalytic inactivation efﬁciency. The cell membrane permeability experiment conﬁrms the role of cell membrane
as the primary target of ROSs during photocatalytic inactivation.
With the alterations of fatty acid composition of the bacterial cell
membrane after temperature pre-treatment experiment, it was
shown that the relative amount of unsaturated and saturated fatty
acids in bacterial cell membrane play an important, but not the
most crucial role in determining the photocatalytic inactivation
efﬁciency of the E. coil strains. Further studies are necessary to
investigate the other critical factors affecting the photocatalytic
inactivation efﬁciency of E. coli.
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